Determination of pH buffer for aptamer--thrombin binding and releasing
The pH dependence of aptamer--thrombin binding was studied using enzyme--linked oligonucleotide assay (ELONA). ELONA/immunoassay experiments were carried out similarly to those described by Baldrich et al., 1 in which 50nM biotinylated DNA aptamer was immobilized on a streptavidin--coated plate using 1X PBS, pH 7.4 for 30min at 37°C. After washing three times with 200 µL PBS--Tween20, 200 µL PBS--casein blocking buffer was applied overnight at 4°C. After washing three times with 200 µL PBS--Tween20, 100 µL of a dilution series of thrombin (500nM -- 2nM) was deposited and left to incubate for 50min at room temperature. After another 3X wash with PBS--Tween20, 100 µL of 80--100mM phosphate buffers of pH 5.0, 6.3, 7.2, and 8.7 with 0.05% v/v Tween 20 were applied and incubated for 30min, after which another round of PBS--Tween20 washes were applied. In order to measure the amount of thrombin bound to the immobilized aptamer, anti--thrombin HRP conjugate was deposited and incubated for one hour, after which a standard protocol for HRP quantification was followed. 1 Briefly, a solution of TMB and H 2 O 2 was added and the color development at 650nm was measured for 10minutes. After 20minutes, HCl was added and absorbance at 450nm was measured on the SpectraMax M5 from Molecular Devices. The absorbance intensity was plotted as a function of thrombin concentration for each pH used (Fig. S1 ). While the inflection of these curves reflect the K d constant of thrombin--aptamer binding, the apparent K d between the surface--immobilized aptamer and thrombin was estimated at each pH by linearizing the data of absorbance as a function of thrombin concentration according to the procedure described by Ovadi, et al. 2 The apparent K d is estimated as the inverse slope of the linearized plots. a) b) c) Fig . S1 Determination of pH buffer for aptamer--thrombin binding. a) Saturation curves of aptamer--thrombin binding in different pH buffer solutions. b) Apparent disassociation constant K d values were calculated by linearizing the data of absorbance as a function of thrombin concentration according to the procedure described by Ovadi, et al. 3 The apparent K d is estimated as the inverse slope of the linearized plots. c) This graph shows the apparent K d constant calculated in this way of thrombin binding to the aptamer at different pH. It is clearly seen that at pH 5 thrombin--aptamer binding is substantially lower than at pH 6.3, allowing for an effective binding at pH 6.3 and dissociation at pH values lower than 5.
Integrating pH--responsive hydrogel and aptamer in microfluidic system

Fabrication of microfluidic system
The system consists of an array of epoxy fins 18µm in height, 2µm in depth, 10µm long, with a spacing of 5µm, which are made from a negative PDMS mold of identical dimensions by UV--curing UVO--114 epoxy resin with 10 wt% glycidyl methacrylate. The PDMS mold itself is cast from a silicon master. Subsequently, 2 µL of pH--sensitive poly(acrylamide--co--acrylic acid) hydrogel precursor solution (20% acrylamide (AAm), 20% acrylic acid (AAc), 2% crosslinker bis--AAm and 1% UV--initiator Irgacure® 2959 by weight in deionized water) was deposited on the epoxy structures and spread by gently placing an 18mm x 18mm coverslip on top. The hydrogel was then UV--cured with a photomask that defines the channel area, 0.5mm wide and 8mm long rectangle, for about 7 minutes with a 100 mW/cm 2 lamp. Channels were formed by placing polyacrylic double--sided adhesive sheets with the same sized rectangle cut by laser cutter on top of the sample. Distinct inlets and outlets for the top and bottom layers were fabricated by stacking two different stickers that have a laser--cut channel (0.5mm x 8mm) and holes for tubing attachment. In order to collect two separate solutions, the microfluidic channel is designed to branch into two outlets with a "Y"--shaped junction (Fig.  S2.1 ) and thus divert the top and bottom--layer fluids to distinct collection outlets. Syringe pumps were used to inject two fluids through the tubing into the microfluidic channel, and their calibrated flow rates were used to define and maintain the top--and bottom--layer laminar flows. The channels were subsequently capped with a polydimethylsiloxane sheet allowing integration with polyethylene tubing, creating two inlets each connected to a syringe pump, and two separate outlets. 
Functionalization of microstructure tips with aptamer
The microfins were functionalized with aptmaer by micro--contact printing with PDMS, as shown in Fig.  S2 .1a. Measuring the Presence of Aptamer on Microstructure Tips with Complementary Oligonucleotide used the following procedure. A Cy5 modified oligonucleotide complementary to the thrombin aptamer was flowed through the microsystem with microstructures functionalized with the thrombin--binding aptamer at a rate of 10 µL/min with a syringe pump. Unbound complementary strands were gently washed off with deionized water and subsequently pH 7.2 1X PBS buffer. The fluorescence of the bound complementary strands was viewed under the confocal microscope at an excitation/emission of 543/633 nm wavelength. As shown in Supplementary Fig. S2 .2a, the red--colored tips indicate a good fidelity of selective functionalization and quite uniform coverage of aptamer on the tips of the microfins. When the same fluorescently labeled oligonucleotide was flowed through a channel with unfunctionalized microfins, no fluorescence was observed (Fig. S2.2a control) . The thiol--modified aptamers are in part able to react with epoxide groups on the epoxy microstructures via thiolysis of the epoxides, and in part physisorbed to the surface during the PDMS stamping, as shown by the XPS scans that characterize epoxy structures with aptamer functionalization in Fig. S2.2b . Fig. S2 .2a Aptamer functionalization of epoxy microstructure tips. a) Schematic of aptamer functionalization by micro--contact printing with PDMS. A solution of 3'--thiol modified aptamer is stamped onto the hydrogel--embedded microstructures when the hydrogel is swollen in aqueous medium and the microstructures are upright. Incubation overnight and subsequent washing allows for physio--and chemi--sorption of the aptamers onto the epoxy microstructures. b) Fluorescence images of an aptamer--decorated microstructure surface before (left) and after (center) incubation with a fluorescently labeled complementary oligonucleotide, and of an unfunctionalized microdevice after incubation with the probe oligonucleotide (right). The ability of the functionalized microdevice to capture an oligonucleotide with complementary sequence demonstrates that the aptamer was successfully absorbed to the surface of the microstructure tips. Fig. 3 , which show the successful release of thrombin with pH 3.2. Fig. S3 .2a Thrombin activity to monoclonal antibody is substantially retained in acidic eluting medium. As compared to thrombin activity in the binding buffer of pH 6.3, the graph shows that the absorbance intensity measured by ELISA remains similar in the releasing buffer of pH 3.2. This suggests that the thrombin folding and active structure remain largely unaffected in the pH range of interest, and after the catch and release cycle in the microdevice thrombin can be reconstituted into a neutral buffer.
Retention of Thrombin Activity in Microdevice Elution Buffer 3.2a Retention of Thrombin Activity to Antibody
3.2b Retention of Thrombin Catalytic Activity
We conducted a catalytic activity measurement of the thrombin eluted from the microfluidic channel with fluorogenic assay (Thrombin Substrate III, Fluorogenic -- Calbiochem), as shown in Fig. S3 .2b. By comparing the activity of post--sorting thrombin (▲) with that of two control samples (thrombin at identical pH in solution without going through the device (•), and thrombin without going through the device and in a buffer of pH 6.3, the known optimal pH of thrombin binding (■)), we verified that the catalytic activity of thrombin was very well retained after being eluted from the microfluidic channel, further demonstrating the robustness of the system.
Fig. S3.2b
Thrombin eluted in acidic buffer of pH 3.2 from bottom fluid of the microfluidic channel was reconstituted with a higher pH buffer and shown to maintain its catalytic activity to the fluorogenic substrate with peptide sequence, Benzoyl--Phe--Val--Arg--AMC, as seen in this graph. Here, catalytic activity of thrombin in 5:6 v/v pH 3.2:pH 8.7 (▲) is shown along with that in identical pH reconstitute buffer (5:6 v/v pH 3.2:pH 8.7) without going through the device (•), and that in pH 6.3 buffer without going through the device (■). Thus, reconstitution of thrombin from low pH to higher pH maintains its catalytic activity.
Separating thrombin from human serum
Solutions of 1%, 0.5%, and 0.1% serum mixed with 320 nM thrombin were pumped into the top layer of the thrombin aptamer--functionalized microsystem and recycled for 40, 20, and 10 times, respectively, with thrombin eluted from the bottom layer, while serum was retained in the top layer, according to the PAGE result shown in Fig. 5 . The quantitative study with BCA assay (Fig. S4 ) confirmed our microsystem is able to sort the target protein thrombin out of mixtures containing various amount of interfering proteins as the serum percentage increased from 0.1% to 0.5% and 1%. Importantly, the 0.1% to 0.5% and 1% serum mixtures contain interfering proteins at the scale of 0.1--10 micromoles and thrombin at the scale of 10 nanomoles, which is much more than the system capacity (0.75 picomoles), but through multiple cycles the target protein is still effectively sorted out. This further demonstrates the robustness of the system and the capability of restoring the binding species' binding/releasing functions for multiple usages of the device. Fig.  S4 . Quantitative study of serum--thrombin separation performance. Three solutions with 320 nM thrombin and the indicated serum percentage were run through the microsystem and solutions eluted from the top and bottom layer were collected as described. Collected eluted solutions from the top and bottom layers were analyzed by BCA assay and quantified against bovine serum albumin standards.
Computational Approach and Additional Simulations 5.1 Model
In our computational model, the system encompasses an incompressible biphase (upper blue and lower red) fluid that is driven by an imposed pressure gradient to flow through a microchannel. The height of interface with respect to the floor of the microchannel is h int ; we assume that the position of the interface remains constant (similar to the assumption in Reference 4 ); notably, our experimental observations did not show significant interface fluctuations. An array of fins is submerged into this bilayer fluid stream and is anchored to the floor of the microchannel. The fins initially are upright and reach into the upper blue phase and are entirely immersed within the lower red phase when they are tilted. At the onset of the simulations, we introduce a binary mixture of mobile nanoparticles into the upper fluid: the white nanoparticles can adhere to the fins, while the green particles are non--adhesive ( Fig.  1(a) ). The portion of the fins that extend into the upper stream can bind the neighboring adhesive particles.
The dynamics of nanoparticle--filled fluid is described by the Navier--Stokes equation:
where P is the pressure tensor and η is the viscosity of the fluid. The parameter G drag arises from the drag force acting on the nanoparticles:
Here,
[ ] is the frictional force on the ith nanoparticles with the friction coefficient being ζ = 6πηR p . The radius of the nanoparticles is sufficiently small ( R p = 0.096 ) that we model these species as tracer particles. The dynamic behavior of these nanoparticles is governed by the following Brownian dynamics expression 5 :
The first term on the right--hand--side accounts for the drift velocity due to the fluid motion. The second term represents the random force acting on the ith particles and satisfies the fluctuation--dissipation relation:
The last term in eq. (3),
, represents the excluded volume interactions between the nanoparticles, and between the nanoparticles and the fins. This interaction is modeled by the repulsive part of Morse potential, which has the following form:
where ε and λ define the strength and range of the potential, while r c is the relevant equilibrium separation. The potential ψ m (r) is repulsive if r < r c and attractive if r > r c . To prevent particle--particle overlap, and particle-fin overlap, the potential for the excluded volume interaction is applied only when r < r c . The exclusion force is then given by
, where r i represents the center of mass of the nanoparticles or a site on the fins. F i a (t) in eq. (3) accounts for the attractive interaction between the fins and adhesive particles in the upper stream, described later in this section.
Driven by an externally applied force, the fins bend from π /2 to θ low , which is the minimum angle formed between the fins and floor of the microchannel. Given that the duration of bending is τ down , the temporal variation of the angle between the fins and floor (while bending) is given by:
Recall that the portion of the fin that extends into the upper fluid can selectively bind the adhesive nanoparticles; the non--adhesive particles do not bind to the fins. To model this selective attraction, we introduce a bond--like interaction between the adhesive nanoparticles and the sites on the fins located in upper stream when the particle--fin separation is sufficiently small. In particular, an attractive Morse potential with the same functional form as eq. (4) , then the above potential is no longer applied and the bond between the particle and fin is broken. Importantly, an adhesive site on a fin can form only a single bond with the adhesive nanoparticle. Hence, the number of the adhesive sites effectively limits the maximum number of nanoparticles that can potentially be collected by the fin. In the simulations below, we set the parameters in the above "bond" potential to
In addition to the "bond" potential, we apply a weaker, attractive, non--bonded Morse potential of the same functional form as above, but with a somewhat longer interaction range and a smaller interaction strength (
. We apply this additional weak attraction only at r c ≤ r p − r f ≤ r cut ; here, we set the cut--off distance at r by roughly a factor of three for the parameters given above. This longer range attraction between the fins and the adhesive nanoparticles is not associated with the bond formation; rather, it models weak interactions between the nanoparticles and sites on the fins without shielding these fin sites from interacting with more nearby nanoparticles. Note that the cut--off radius of Equations (1) and (3) are solved using the Lattice Boltzmann method (LBM) 9 , which has proven to be an efficient method for modeling the complex fluid dynamics in systems that encompass multiple length scales. We solve these equations on a two dimensional grid; this approach corresponds to our experimental system, where the width of the fins is significantly larger than their height.
Unless specified otherwise, we set the total number of particles at 200 = N , the imposed pressure gradient at With these values, the distance between the fins corresponds to 5µm , the fin's height is 5.6µm , the interface position is h int = 3.2µm , and the channel height is 8µm .
Note that here we do not consider the gel layer that drives the fins to move down; essentially, the fins in our simulations correspond only to the upper portion of the fins in the experiments. Correspondingly, the channel height in our simulations corresponds to the channel height above the gel layer in the experiments. With the above scaling, the dimensionless particle radius, 096 . 0 = 
Additional simulations: results and discussion
We begin our simulations with all the NPs randomly distributed within the upper fluid stream and with the lower stream being free of NPs. At the beginning of the simulations, the fins are upright (see Fig. 2a of the main text) . We then assume that the fins undergo the externally driven oscillatory motion. Such oscillations could be driven by the periodic expansion/contraction of the underlying gel "muscle" that arise from changes in the solution pH or local temperature 2 , or, for example, by oscillatory magnetic actuation of the fins 10 .In the majority of the simulation studies here, we focus only on the first half of the oscillation cycle (except of the very last study (Fig. 4b) ), corresponding to the scenario where the underlying gel layer is driven to shrink (for example, by a pH change in the lower fluid phase). It takes a time
for a fin to reach the lowest possible angle it makes with the substrate, low θ , from its upright position (see eq. (5) in the above section). We apply a pressure gradient, P ∇ , that drives the fluid from the left to the right (see Fig.  2 ) along the channel. In the majority of our studies (with the exception of the oscillatory case in Fig.  4b) , we keep the fins stationary after they have reached low θ , (i.e., at down t τ > ) but continue to apply the pressure gradient. Recall that only the sites of the fins that are in the upper phase (above int h ) are assumed to be adhesive and are able to form bonds with the adhesive particles. These bonds are broken and the respective fins sites become non--adhesive to both types of particles if they are surrounded by the lower phase.
Overall, the removal of particles from the upper into the lower stream is governed by three distinct processes: (1) selective removal of solely the adhesive particles through their adhesion to/interaction with the fin in the upper and their release into the lower stream; (2) particle motion along the streamlines that brings particles of both types (adhesive and non--adhesive) into the lower stream; (3) diffusive exchange of both type of particles between the upper and lower fluid layers. The particles have a relatively low diffusivity, so that the contribution of process (3) is relatively small. Process (2) increases the total number of nanoparticles that are brought into the lower phase. To increase the selectivity of the catch--transport--release process, one needs to decrease the contribution of processes (2) and (3) while increasing the contribution from process (1). In general, process (2) is controlled by the interplay between the channel geometry, imposed flow and fin arrangement. Notably, the contributions from the processes (2) and (1) in our simulations lead to catching some fraction of non--adhesive particles (as will be shown below, this contribution does not exceed 10% in the majority of cases), while there is essentially no catching of non--adhesive particles reported in the experiments. One of the possible reasons for this discrepancy between the simulations and experiments is due to the differences in the channel geometries between the experiment and simulations. Therefore, in the simulations, process (2) contributes to bringing both types of the particles into the lower stream. Finally, process (1) is controlled by the strength of the adhesion, but also depends on the flow profile and particle diffusion.
In our simulations shown in Fig. 2 of the main text, about 70% of the adhesive nanoparticles are released into the bottom phase. This predicted efficiency is close to that observed in the experimental studies, where, for example, for the case of 1 picomole of ingoing solution of thrombin, about 70% of thrombin was released into the lower phase (see Fig. 3B ) 11 . Moreover, similar to the experimental studies, we also observe that during multiple oscillation cycles, the number of adhesive nanoparticles released into the lower phase increases during each cycle, so that on the ninth cycle, we collect about 95% of the adhesive nanoparticles in the lower phase (see Fig 4B) , similar to that in the corresponding experimental studies (Fig. 4A) . Hence, despite the fact that our model is simplified with respect to the experimental system, we find good agreement with the experimental studies. Below, we discuss additional simulations that show the effects of the key parameters on the behavior and efficiency of catch--and release of nanoparticles in this system.
Effect of position of the interface between the two streams.
Our simulations show that there is an optimum interface position at which the value of > < C , fraction of particles moved into the lower phase, has a maximum value for the adhesive particles and a relatively low value for the non--adhesive particles (data point marked by a circle corresponds to the simulations in Fig.  2 ). If we lower the interface (but fix the fin arrangement and the value of low θ ), the fins will no longer be completely immersed under the interface, and hence, will not be able to release all the NPs into the lower phase (see b--c).
If on the other hand, we place the interface higher (see d--e), the portions of the fins reaching into the upper fluid are much shorter, and hence the number of adhesive particles that are able to bond to the fins and be brought down to the lower phase is smaller. (In addition, the effect of the Brownian diffusion and collisions between particles becomes more pronounced; we still have the same number of NPs dispersed in the upper phase, but their fraction is significantly higher since the thickness of the upper stream is smaller.) Hence, the overall fractions of adhesive and non--adhesive NPs removed from the upper and deposited into the lower phase are respectively lower and higher in this case than in our reference case in Fig.  2 . In other words, our studies show that there is an optimal interface height between the two fluid phases that results in the most efficient catch and release process. θ . Open blue circle marks the data point corresponding to our reference case (Fig. 2) .
Effect of low θ
The behavior we observed in Figure 2 remains similar if we decrease the value of low θ ; however, at the lowest value of low θ the fraction of adhesive particles removed into the lower layer slightly decreases. On the contrary if we increase low θ so that the fins are no longer located completely below the interface at their lowest position the behavior becomes drastically different. In these cases adhesive particles can no longer be released into the lower layer from the portions of the fin remaining within the upper layer even if the fins are at low θ , hence <C> dramatically decreases with respect to its reference value. Our results clearly indicate that there is an optimal range of values of low θ for the given channel geometry that results in an efficient catch and release process. Figure S6 . Effect of varying low θ on the mean fraction <C> of adhesive NPs (in magenta) and non--adhesive nanoparticles (in black) in the lower phase after the fins reach low θ angle. Open blue circle marks the data point corresponding to our reference case (Fig.  2) . The snapshots in the bottom correspond to the smallest and largest values of low θ considered herein as marked by the arrows.
Effect of increase in down
τ We now increase the time needed for the fins to get down, down τ . As the fins move slower, the contribution from diffusion of both adhesive and non--adhesive nanopartcles increases, resulting in an increase of a number of non--adhesive nanoparticles in the lower phase at highest down τ . These studies show that the catch and release process is relatively insensitive to the value of down τ . Figure S7 . Effect of varying down τ on the mean fraction <C> of adhesive nanopartocles (in magenta) and non--adhesive NPs (in black) in the lower phase after the fins reach low θ angle. Open blue circle marks the data point corresponding to our reference case (Fig. 2) . The snapshot in the bottom correspond to the highest value of down τ considered herein as marked by the arrow.
Effect of the microstructure conformational change on the hydrodynamic conditions
We have considered the coupling between the bending of the microstructures and the hydrodynamic conditions in the flow. Our experiments show that the bending of the microstructures is primarily driven by volume changes in the hydrogel (that are, in turn, driven by changes in the pH of the solution). We found that the flow conditions do not produce any noticeable volume changes within the hydrogel. On the other hand, the bending of the microstructures does affect the velocity profiles around the microstructures. As shown in our simulations, the microstructures' bending into the bottom layer generates a recirculation of the flow below the structures. The fluid streamlines above the bent microstructures, however, remain essentially unchanged. In other words, the fluid continues to flow along the channel above the bent fins (see Fig. S8 ) for smooth protein release and movement to the collection outlet. Figure S8 shows variations in the velocity profile during the bending of the microstructure. This image clearly illustrates the effect of microstructure bending on the velocity distribution below the fins and shows that the fluid above the microstructure continues to flow in the y--direction. 
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